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this document is provided "as is", with no guarantee of completeness, accuracy, timeliness of
the results obtained from the use of this information.

Preparation of Template for Automated DNA Sequencing
The quality of the DNA template is one of the most critical factors in automated DNA
sequencing. Please ensure that the template is at the correct concentration, that it is free
of contaminants and dissolved in distilled water (especially no EDTA present), and that
the DNA is not degraded.

There are several steps in producing good template:

1. Isolating the DNA
○ For plasmid preparations (either large-scale or mini-preps), numerous methods

work IF you are sufficiently careful to avoid genomic DNA, excess RNA or
contaminants. A recent poll of our users showed that a large fraction of them use
Qiagen products with good success, but other manufacturer’s products may work
as well. Elute in distilled water or in 1 mM Tris, if desired. Do not elute in TE, as
the EDTA can interfere with sequencing. You can use Cesium Chloride preps, but
make very sure there is no Cs or EDTA present in the final sample. You may
need to do extra ethanol precipitation for this reason. It is not necessary to
linearize your plasmid before sequencing.

○ For PCR products, there are two options, depending on the cleanliness of the
PCR reaction. If the PCR product is exceptionally pure, you can use an
ultrafiltration device from either Amicon or Millipore that separates the PCR
products from the primers, discarding the latter. Otherwise, run the PCR products
out on a gel and gel-elute the desired band. Note that the PCR product must be
VERY pure in order to obtain a clean sequence. Extraneous bands may appear
low-intensity to you, but could easily ruin the sequencing run. Note also that you
MUST remove all traces of the original PCR primers, as these could produce
undesired bands by acting as sequencing primers.

2. Quantitation of template DNA. If you have enough template DNA, always determine its
concentration by UV absorption. However, very often, you cannot reliably quantitate a
mini-prep using a spectrophotometer!. Some comments about getting accurate spec
readings on DNA:

○ Readings below 0.05 AU require careful blanking in order to ensure accuracy.
○ Many specs cannot be trusted below 0.05 AU, and most should not be used

below about 0.02 AU.
○ Remember that RNA and free nucleotides also absorb UV, so the sample must

be free of these contaminants.
○ Be careful to avoid chromosomal contaminant DNA. On a restriction digest, it

shows up as a smear in the background. Any visible smear is likely to represent a
large percentage of the total DNA present, thus throwing off your measurement.

○ Be suspicious! If your yield of DNA seems unusually good, it is probably too good
to be true.



3. If you do not have enough to measure spectrophotometrically, then run a small aliquot
on a gel and estimate the amount of DNA by comparison with standards of similar size
and known concentration. Actually, it is a good idea to do this even if you have
performed a spec measurement, in order to cross-check yourself.

If you are unable to determine the concentration accurately, you should consider not
proceeding until you have enough DNA to measure accurately.

4. Diluting the template to the desired concentration. After determining the
concentration, dilute the template to the correct final concentration using *distilled water*
(please no TE or other EDTA-containing buffers), and avoid adding any divalent cations
(i.e. Mg, Ca, Mn).

Why Can’t I use a Spectrophotometer to check my Mini-Preps (or PCR
products or gel-eluted fragments)?

One of the most common problems I encounter as a Sequencing Core Director is that Core
clients often try to measure the concentration of their mini-prepped plasmids or PCR products
using a spectrophotometer. Some of you may be able to do so, but most of you will not get
reliable readings. There is not enough DNA in the typical mini-prep or PCR to register on the
typical spectrophotometers found in most labs. Most of the time, you’ll be reading dust or air
bubbles or simply baseline drift. You need to be very cautious with your results – unless you
have a spec with a cuvette volume of 10 ul (or perhaps as high as 100 ul, depending on the
specifics of your sample).

Note: The Nanodrop UV Spec is an example of a system that is capable of making reliable
measurements on minipreps. The proliferation of those and other small-volume specs in modern
molecular biology labs has made this discussion somewhat out-of-date. Still many of the points I
make below are still valid, even if you use a Nanodrop!

Here’s an example calculation based on a mini-prep.

If your sample is a PCR reaction or a gel-eluted fragment, read this section, then see additional
comments at the bottom.

Consider the following:

● Let’s say you are growing a 1 ml culture of pUC19. Plasmids usually yield between 1 and
5 ug per ml of culture. For pUC19, the yield is often at the high end. For argument’s
sake, let’s say your yield is on the high end – 5 ug.



● After the prep, you resuspend your DNA in, say, 50 ul and transfer a 5 ul aliquot into your
cuvette that contains 0.5 ml of ddw. What kind of A-260 can you expect? About 0.02 AU.

● MOST SPECS ARE NOT AT ALL ACCURATE AT 0.02 AU.
● In the above scenario, you might be able to get a reading by dissolving your sample in

20 ul instead of 50. Now you might expect a reading of 0.05 AU.
● Many specs can read at 0.05, but only if they are very carefully blanked.
● Your spec reading will be worsened by any of the following:

1. Dissolving the prep in more like 50 ul and trying to read 0.02 AU. No way.
2. Adding just 1 or 2 ul to your cuvette and trying to read 0.01 or 0.02 AU. No way.
3. Getting a reading of 0.14 and not being suspicious. There’s no way a 1 ml

miniprep will give you 12 ug of DNA. Usually, you have RNA or chromosomal
DNA instead. This is the number one cause of failed sequencing with minipreps.

● Your spec may be able to take readings on less that 0.5 ml, but make VERY sure you
have the cuvette aligned correctly so you aren’t reading absorbance through the
meniscus or through air bubbles trapped in the cuvette. On a Nanodrop spec, make sure
you clean the pedestal frequently, and periodically reblank the device, otherwise the
readings can be quite incorrect.

● Let’s face it – mini-preps don’t often yield 5 ug of quality plasmid from each ml of culture.
If you’ve got an expression plasmid or a cross-species shuttle vector or some other
low-yield plasmid, don’t expect anywhere near that amount. Be glad if you see 1 ug from
a ml of culture. Be suspicious if it’s more.

● Do you blank your spec both before and after the reading, just to be sure? You should if
you’re trying to get good readings around 0.05.

Here’s the bottom line – you should be very suspicious of a spectrophotometric reading on
mini-preps, PCR reactions or gel-eluted fragments. Yes, it’s possible, especially if:

1. you have a high yield plasmid
2. you have a spec that can read small volumes (<100 ul)
3. you have carefully blanked the machine, preferably both before and after taking the

reading
4. you are realistic about how much DNA you expected vs. your spec reading.

We recommend running a mini-gel on your DNA as a check of concentration. Cut your circular
plasmids to linearize them, and run alongside a DNA of known concentration that’s about the
same size.

How about PCR reactions or gel-eluted fragments?

You’ll see the same problem – PCR and gel elution often do not produce enough DNA to reliably
measure spectrophotometrically. A PCR reaction of 20 ul usually gives on the order of 1 ug of
product, which can be measured only if you have a spec that can read sample sizes more like
10 ul. A gel elution may start with a lot of plasmid DNA, but after you cut and gel elute, there’s
often precious little left. Be suspicious!



Direct Sequencing of PCR Products
It is quite possible to directly sequence a PCR product without first cloning the fragment. Indeed,
there are some distinct advantages to this approach. However, you need to be aware of some of
the drawbacks as well. Direct PCR sequencing is rarely successful unless you spend some time
ensuring that you aren’t falling into one of the many traps. This document will explain how to get
sequence directly from a PCR product with a reasonable chance of success.

Make SURE you amplified the right fragment.

You would be amazed at how often a PCR reaction SEEMS to produce the correct band, when
in fact it has amplified something spurious. Sometimes when you sequence the band, you will
discover that the sequence is completely unexpected and nonsensical. At other times,
sequencing with one of your PCR primers will give a completely blank lane, while the other
primer will give two simultaneous and superimposed (and thus unreadable) sequences. That
happens when only one of your primers acted as *both* ends of an illegitimate amplification.

Make sure you really are amplifying the fragment you expected. For example, if you know of a
restriction site in the fragment, try to cut it and look for the correct product bands. Alternatively,
use nested primers to re-amplify the desired product to verify its identity and coincidentally
eliminate any illegitimate products.

You must remove all residual PCR primers and unincorporated nucleotides.

Sequencing uses one primer, while PCR utilizes two. If we try to sequence with two primers
present, you’ll get the two sequences back, superimposed on each other and completely
unreadable.

There are many ways to purify a PCR reaction prior to sequencing it. Several manufacturers
make kits to do this task. We prefer to not recommend specific products, but ask your neighbors
for their advice. Some people just gel-elute the PCR band, which not only removes the
extraneous primers and nucleotides but also eliminates illegitimate PCR products (see below).

If the PCR primers will also be the sequencing primer(s), make sure they match our
conditions.

You may be able to adjust your PCR conditions to optimize reactions, but we, unfortunately,
cannot do this. Please make sure your primer(s) are appropriately designed for automated
sequencing. They should have a Tm between 60 and 70 degrees (or at least between 55 and
75 at the outside) and should have little propensity for primer-dimer formation.



Don’t over-concentrate the sample! Double-check template the concentrations.

PCR fragments are smaller, and thus more effective sequencing templates that are the usual
plasmids. Consequently, they don’t need to be at as high a concentration. For example, a 200
bp fragment only needs to be 1 ng/ul! If your samples are at too high a concentration, not only
will they NOT sequence any better, they may cause problems for other peoples’ samples
nearby. PLEASE estimate your PCR product concentrations on an analytical gel, and dilute
them according to recommendations.

Inefficient primers are sometimes OK for PCR, but the same primers may fail in
sequencing.

Because PCR is intrinsically an exponential process, and because it is usually carried well
beyond completion, even rather poor primers will produce amplification in a PCR reaction.
Sequencing. however, is strictly linear, and is much more unforgiving of poor primers. If you
have to cycle more than 35 or so times to get an amplification product, or if you have to use
unusual additives or odd conditions to achieve success, your primer may not be efficient enough
to use for sequencing.

If your primer is mismatched to your *original* template, after the PCR reaction, the product
(which of course now incorporates your primers) will indeed match the primers perfectly. In other
words, mismatch primers aren’t a problem *if* they’re the ones with which you amplified.

Please DON’T try to use a spectrophotometer to measure the concentration of a PCR
product!

Typical laboratory spectrophotometers cannot with any accuracy measure the small amount of
DNA that a PCR reaction generates. Unless you own one of the newer micro-specs (e.g.
“Nanodrop” or similar), you should simply use an analytical agarose gel to estimate the
concentration of your templates. Please compare them to a reference DNA fragment of similar
size and known concentration!

PCR Reactions RARELY produce only single-bands.

You may think that your reaction produced just a single product, but there are very often other
things there. When you use an agarose gel to assess the PCR result, you can’t detect any of
these:

● Problem: Small, illegitimate products
Amplification at an illegitimate site that gives rise to a small (<100 nt) fragment will never
show up on the typical 1% agarose gel, but it will sequence much better than your larger,
‘legitimate’ product.
Solution: Sequence it anyway. If you see interfering peaks for the first 20-100 nt
(especially if they are extremely large), you should assume there’s interference from a
small amplification product. If you get the sequence you needed despite the problem,
great. If not, you can always cut the desired band out of a preparative gel, or go back



and redesign your PCR reaction to avoid that interfering product. You may need to use a
2-3% agarose gel to see smaller fragments reliably.
Warning, however: those small products can produce such bright bands that they cause
interference with someone else’s samples nearby! If we complain about your
‘overconcentrated’ samples, please consider whether the small fragments are causing
problems, and please don’t keep sending such samples if they are!

● Problem: A diffuse, low-level background of illegitimate products
When you assess the outcome of a PCR reaction, look closely at your analytical gel for a
dim background smear of ethidium bromide staining. If it’s there, it’s probably DNA, and
(because it’s distributed and diffuse) it’s probably a LOT of DNA in many PCR bands. It
could easily comprise the majority of DNA in your sample, and the sequencing result
could be very bad.
Solution: well, you could sequence it anyway; sequencing is very cheap these days. If
you do see multiple superimposed peaks instead ofthe clean sequence, you need to
clean up your product some more. Cut the desired band out of a preparative gel, or go
back and redesign your PCR reaction to avoid that interfering product.

● Problem: Your “single band” is really two superimposed products
It’s surprising, but this is not a particularly rare event. Everything looks great, but when
you sequence it, all you see is multiple, superimposed sequences. This may occur if you
are amplifying two related – but non-identical – genes, or if you have a homopolymer
tract (e.g. poly-A or poly-T that causes the polymerase to ‘stutter’, or simply that you
were unlucky.
Solution: If you have some way to PROVE that you amplified only the right product, it is
always worth the effort to do so. Don’t just assume that the right size means the right
band. For instance, if you happen to know of a restriction site within your expected PCR
fragment, then cut the PCR product and verify that you get the expected fragment(s). If
there are unexpected bands, unexpected sizes or bands that do not cut, be suspicious of
the identity or purity of your product.
The use of nested PCR primers can minimize this problem. It is less likely that an
illegitimate product will co-amplify through a second round of PCR with internally- nested
primers.

Sounds a bit dismal, right? Not necessarily. There are some very good reasons you might want
to go ahead and sequence directly from a PCR product. Here are some:

Direct sequencing is much quicker. If you’re screening hundreds of patient samples for
mutations in a gene, you do NOT want to be gel-purifying all those PCR reactions, and you
CERTAINLY don’t want to clone them all before sequencing.

Direct sequencing doesn’t show any PCR mutations. Common PCR protocols (Taq
polymerase under standard cycling conditions) generate mis-incorporations occasionally (about
once per 3 kb, in my hands). If you clone those PCR products and sequence several of them,
you will see point mutations in some of the clones.



If you directly sequence the PCR product, though, what you’ll see is the consensus base at
each position. Although many of the individual products have mutated nucleotides, these
mutations are scattered randomly and are different for each individual product fragment.
Consequently, at any one nucleotide, most of the clones will be correct, and you’ll be seeing the
original sequence with no mutations.

We have many clients who have successfully sequenced thousands – even tens of thousands –
of PCR products, with outstanding results. Be critical of the quality of your PCR product and, if
necessary, optimize the PCR conditions or gel-purify the desired fragment. Prove you have the
right fragment before you invest in large-scale sequencing, and you’ll be pleased with the
results.

Sequencing from Large-Insert Clones
Automated sequencing can work with a variety of very large DNA clones such as BAC, Lambda
or Cosmid DNA. We’ve even had some excellent success with direct sequencing from a
bacterial genomic template. Here’s how to do it:

This page is divided into two sections. The first gives information for the client to help them
prepare good quality template DNA and primers. The second section gives information for other
Core facilities on how to process BAC DNA for best results.

Section I – template preparation for Core Clients
Because large clones like BACs carry with them huge amounts of non-template DNA, the
sequencing reaction must be adjusted to help the primer find the correct priming site efficiently.
Various other parameters must also be adjusted to compensate for these changes.

The template concentration must be very high

Only a small percentage of the clone will be used as sequencing template; to provide an
adequate *effective* level of template, the total concentration of DNA must be increased. We
have had the best success with 1 ug/ul for BAC DNA, 0.5 ug/ul for Lambda and cosmid DNA.
Yes, this is a *lot* of expensive DNA, but in our experience, it is quite essential. BAC samples
should be visibly viscous and difficult to pipette at this concentration. Please note that Core
techs may need to shear your sample in order to pipette it. Don’t expect to retrieve tubes of
full-length BAC after we’re done.

Primer concentration must be high as well



The excess DNA in the reaction tends to bind primer non-specifically, so you have to increase
the primer concentration to compensate. We suggest 30 pMol/ul (picomoles per microliter – 10X
higher than the concentration usually used for sequencing). If you are sequencing with the
standard primers (T7, T3, SP6, M13F, M13R) provided to you by the Core at no charge, then
PLEASE MAKE ARRANGEMENTS IN ADVANCE TO PICK UP THESE HIGHER
CONCENTRATION PRIMERS.

Stringently avoid primer dimers

Because the primers are used at such a high concentration, they have a greatly increased
tendency to form dimers. Please use a computer to design your primers, and make sure they
have a very low probability of forming dimers – particularly 3′ dimers.

Avoid genomic DNA contamination

According to our sources, BAC preps are routinely contaminated with 20%- 80% genomic DNA.
Obviously, this DNA decreases the effective concentration of the template, so genomic DNA
must be avoided. Be extremely gentle when you break open the cells (alkaline SDS step) and
when precipitating the protein/genomic components (potassium acetate step). Restrict your
DNA and examine the bands on a gel. If you see any smears in the background, there’s too
much genomic DNA in the prep. Smears may not look like much DNA, but there’s quite a bit
there.

DNA Purity is critical!

Yes, DNA preparation is always critical for successful automated sequencing, but with large
templates, it is even more so. The best sequence has been routinely generated from BACs
prepared using Qiagen protocols (Qiatip 500, for example) and with an added
phenol-chloroform extraction at the end. We don’t know what this removes, but it has routinely
helped save “bad” BAC preps.

Submit the sample as ‘Large DNA’

When you log the sample(s) into our computer, select ‘Large DNA’ as the sample type. Please
do not choose any of the plasmid selections. The Core personnel have specific protocols they
must follow to get good sequence from large-insert templates.

Please note that we typically keep large-insert samples in the queue until we accumulate
enough to bother processing. The delay is rarely more than a day, but please be patient.

Some final comments for Core clients regarding sequencing BACs and other large DNA:

Templates that sequence well will reliably do so. A good BAC preparation will produce ~700 nt
of data time and time again, given good primers. However, the same client might prepare a new



batch of a template with the same protocol, and it may fail miserably time and time again. We do
not yet know what makes a BAC prep “good”.

Due to these vagaries of DNA preparation, BAC sequencing is simply not as reliable as plasmid
sequencing. Our lab is quite experienced with this protocol, yet our success rate is
approximately 50%. The difference between success and failure, as always, is with the client’s
sample. Let’s face it – operating a sequencer ain’t rocket science. We can’t take credit for the
successes, but as long as we perform our normal quality control checks, don’t be too hasty to
blame us for the failures either.

Section II – for Core Labs
The following is a description of the procedures used in the University of Michigan Advanced
Genomics Core for obtaining sequence from large DNA clones, such as BACs, P1s, Lambda
and Cosmid clones. Most of our experience is with BAC DNA, so the procedures refer to ‘BAC’
DNA, but they probably apply equally to the other types of large DNA. To compensate for the
large amount of non-template DNA present, BAC sequencing depends on alterations to the
reaction recipe and to the cycling conditions that enhance the signal.

Handling the template:

It may be necessary to shear the BAC DNA in order to pipette it. This may, in fact, improve the
final sequence.

Reaction Recipe, BigDye V3.1 Chemistry: (Recipe updated 15-May-07)

● 2 ul Template DNA (1 ug/ul)
● 6 ul primer (30 pMol/ul)
● 1.0 ul DMSO
● 3.8 ul Betaine
● 2.2 ul 5X reaction buffer
● 6 ul BigDye v3.1
● 2 ul dGTP v3.0

Total reaction volume: 23 ul

Cycling Conditions:

We used to do modified cycling, but the techs hated to do it and figured out that most of the
time, the regular ABI-recommended cycling worked fine for BACs and bacterial genomes.

Before cycling starts, we heat the samples to 95 degrees for 5 minutes. We then do 25 cycles
of:

● Denature 95 degrees, 10 seconds



● Anneal 50 degrees 5 seconds
● Extend 60 degrees, 4 minutes

On more difficult templates, 50 cycles may be necessary; some people use as many as 100
cycles. We rarely go above 25 cycles, and we get excellent results with *good* BAC preps. It
has even worked surprisingly well for sequencing directly on bacterial (5MB) genomic DNA!

One of the most important factors in successful automated DNA sequencing is proper primer
design. This document describes the steps involved in this process and the major pitfalls to
avoid.

**** Use a Computer to Design Primers ****

We highly recommend that a computer be used during primer design in order to check for
certain fatal design flaws. Numerous programs are capable of performing this analysis. For
example, look for ‘Primer3’ on the web.

Some Basic Concepts: If you are confused by the strands and
primer orientation, read this.

Sequencing primers must be able to anneal to the target DNA in a predictable location and on a
predictable strand. They furthermore must be capable of extension by Taq DNA Polymerase.

Some people are confused about how to examine a DNA sequence to choose an appropriate
primer sequence. Here are a few things for novices to remember:

● Sequences are always written from 5′ to 3′. This includes the sequence of your template
DNA (if known), the sequence of the vector DNA into which it is inserted, and the
sequence of proposed primers. Don’t ever write a primer sequence reversed or you will
only confuse yourself and others.

● Polymerase always extends the 3′ end of the primer, and the sequence you will read will
be the same strand (sense or anti-sense) as the primer itself.

● Thus, if you choose a primer sequence that you can read in your source sequence (for
example, in the vector), the sequence you will obtain will extend from the primer’s right
(3′) end.

● Conversely, if you choose a primer from the strand opposite to what your ‘source’
sequence reads, the resulting sequence will read towards the left.



Here are a couple of examples:

Suppose you have a vector with the following sequence around the Multiple Cloning Site (the
‘MCS’):

TTAGCTACTGCTTGATGCTAGTACTACATCTAGTGCTAGATGGATCCGAATTCGCTGATGCT
CATATGTTAATAAAGAC

^     ^
|     |

BamHI EcoRI

If you cloned your DNA of interest between the BamHI and EcoRI sites, you could sequence
using the primer ‘CTTGATGCTAGTACTACATC’ (remember – that’s written 5′ to 3′) and you’ll
obtain the following sequence from the Core:

TAGTGCTAGATG[your-insert-'top'-strand-Bam-to-Eco]AATTCGCTGATGC...(etc.)

What if you wanted sequence from the other strand – Eco to Bam – instead? In that case, you
need to select some sequence on the right and then reverse-complement it before requesting
the oligo. Picking out some sequence from the figure above:

CTGATGCTCATATGTTAATA

This is NOT the primer sequence – it is copied verbatim from the above sequence. In fact, if
you used this sequence for a primer, sequencing would proceed towards the right, away from
your insert. Instead, reverse-complement that sequence:

TATTAACATATGAGCATCAG

NOW this should produce the sequence of the opposite strand:

CGAATT[your-insert-'bottom'-strand-Eco-to-Bam]CATCTAGCACTA...(etc.)

Some fine print: Only rarely does sequencing actually show the nucleotides immediately
downstream from the primer. I’ve taken some didactic license in the examples above.



More Advanced Concepts: How to Design a Primer that Works.

Generally, you are starting with some small amount of known sequence that you wish to extend.
Here’s how to proceed:

I. Design primers only from accurate sequence data.
Automated sequencing (and in fact any sequencing) has a finite probability of producing errors.
The sequence obtained too far away from the primer must be considered questionable. To
determine what is ‘too far’, we strongly suggest that our clients read the memo Interpretation of
Sequencing Chromatograms, which describes how to assess the validity of data obtained from
the ABI sequencers. Select a region for primer placement where the possibility of sequence
error is low.
II. Restrict your search to regions that best reflect your goals.

You may be interested in maximizing the sequence data obtained, or you may only need to
examine the sequence at a very specific location in the template. Such needs dictate very
different primer placements.

1. Maximize sequence obtained while minimizing the potential for errors:
Generally, you should design the primer as far to the 3′ as you can manage so long as
you have confidence in the accuracy of the sequence from which the primer is drawn.
Primers on opposite strands should be placed in a staggered fashion as much as
possible.

2. Targetted sequencing of a specific region:
Position the primer so the desired sequence falls in the most accurate region of the
chromatogram. Sequence data is often most accurate about 80-150 nucleotides away
from the primer. Do not count on seeing good sequence less than 50 nucleotides away
from the primer or more than 300 nt away (although we often get sequence starting
immediately after the primer, and we often return 700 nt of accurate sequence).

III. Locate candidate primers:

Identify potential sequencing primers that produce stable base pairing with the template DNA
under conditions appropriate for cycle sequencing. It is strongly suggested that you use a
computer at this step. Suggested primer characteristics:

1. Length should be between 18 and 30 nt, with optimal being 20-25 nt. (Although we have
had some successes with primers longer than 30 and shorter than 18).

2. G-C content of 40-60% is desirable.
3. The Tm should be between 55 C and 75 C. Warning: the old “4 degrees for each G-C, 2

degrees for each A-T” rule works poorly, especially for oligos shorter than 20 or longer
than 25 nt. Instead, try:

Tm = 81.5 + 16.6* log[Na] + 0.41*(%GC) - 675/length -
0.65*(%formamide) - (%mismatch)

There’s a web-based Tm calculator you might try at



http://www.rnature.com/oligonucleotide.html.

IV. Discard candidate primers that show undesirable self-hybridization.

Primers that can self-hybridize will be unavailable for hybridization to the template. Generally
avoid primers that can form 4 or more consecutive bonds with itself, or 8 or more bonds total.
Example of a marginally problematic primer:

5'-ACGATTCATCGGACAAAGC-3'
||||  ||||

3'-CGAAACAGGCTACTTAGCA-5'

This oligo forms a substantially stable dimer with itself, with four consecutive bonds at two
places and a total of eight inter-strand bonds.

Primers with 3′ ends hybridizing even transiently will become extended due to polymerase
action, thus ruining the primer and generating false bands. Be somewhat more stringent in
avoiding 3′ dimers. For example, the following primer self-dimerizes with a perfect 3′
hybridization on itself:

5'-CGATAGTGGGATCTAGATCCC-3'
||||||||||||||

3'-CCCTAGATCTAGGGTGATACG-5'

The above oligo is pretty bad, and almost guaranteed to cause problems. Note that the
polymerase will extend the 3′ end during the sequencing reaction, giving very strong sequence
ACTATGC. These bands will appear at the start of your ‘real’ data as immense peaks, occluding
the correct sequence. Most primer design programs will correctly spot such self-dimerizing
primers and will warn you to avoid them.

Note however that no computer program or rule-of-thumb assessment can accurately predict
either success or failure of a primer. A primer that seems marginal may perform well, while
another that appears to be flawless may not work at all. Avoid obvious problems, design the
best primers you can, but in a pinch if you have few options, just try a few candidate primers,
regardless of potential flaws.

V. Verify the site-specificity of the primer.
Perform a sequence homology search (e.g. dot-plot homology comparison) through all known
template sequence to check for alternative priming sites. Discard any primers that display
‘significant’ tendency to bind to such sites. We can provide only rough guidelines as to what is
‘significant’. Avoid primers where alternative sites are present with (1) more than 90% homology
to the primary site or (2) more than 7 consecutive homologous nucleotides at the 3′ end or (3)
abundance greater than 5-fold higher than the intended priming site.
VI. Choosing among candidate primers.

http://www.rnature.com/oligonucleotide.html


If at this point you have several candidate primers, you might select one or a few that are more
A-T rich at the 3′ end. These tend to be slightly more specific in action, according to some
investigators. You may want to use more than one primer, maximizing the likelihood of success.

If you have no candidates that survived the criteria above, then you may be forced to relax the
stringency of the selection requirements. Ultimately, the test of a good primer is only in its use,
and cannot be accurately predicted by these simplistic rules-of-thumb.

With luck, though, you have plenty of options for primers. For a sequence assembly project,
design more primers than you think you really need so that if the sequence isn’t as long as you
hoped, you might still obtain sufficient overlapping data to assure you of a good sequence
consensus. We recommend that you sequence both strands, for better confirmation. On one
strand, space the primers 500 to 700 nt part (shorter spacing is safer!). On the opposite strand,
place the primers in staggered fashion away from the first strand primers, as depicted below:


